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 Regulation of private wells which serve as the primary drinking water source for many 
North Carolinians is largely left to property owners. Evidence suggests a lack of testing for well 
water quality, and a lack of knowledge on the prevalence and sources of contamination. Fecal 
contamination can be measured by indicator microbes, the detection of which indicates likely 
contamination by more pathogenic organisms. For this study, 36 private wells in Robeson 
County, North Carolina were tested for indicator microbes including total coliforms, Escherichia 
coli, antibiotic resistant Enterobacteriaceae, and somatic and male-specific coliphages. Hollow 
fiber ultrafiltration was used to compare methods for coliphage analysis, and analysis of larger 
volumes resulted in greater detection of somatic coliphages. 80% of tested wells were positive 
for at least one fecal indicator. These results suggest the potential for well water contamination in 
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1. INTRODUCTION AND LITERATURE REVIEW 
Under the Safe Drinking Water Act, Americans who rely on municipal water service are 
protected by health-based water-quality requirements which cannot exceed maximum thresholds 
for 91 contaminants (“National Primary Drinking Water Regulations,” 2020). However, for the 
15% of households in America who rely on groundwater drawn from private wells, about 45 
million people, their health is protected only by disparate policies left to the discretion of 
individual states and recommended actions which are largely the responsibility of homeowners 
(“Well Water and Health: Facts & Figures,” 2019). In North Carolina (NC), approximately 2.4 
million people use private wells as their primary drinking water source. Despite the large number 
of people relying on them, fewer that 200,000 wells were tested in NC between 2000 and 2010. 
Previous surveys looking at well water contaminants in other states have found that between 40 
and 58% exceed at least one health-based standard, commonly for bacterial contaminants 
(Gibson & Pieper, 2017). Coliforms and coliphages are indicators of fecal contamination which 
may include more harmful pathogens that cause illness; the maximum contaminant level goal for 
drinking water set by the United States Environmental Protection Agency is therefore zero 
(“National Primary Drinking Water Regulations,” 2020). The ability for any one assay to predict 
pathogen presence in well water is limited, use of a variety of indicators is therefore advisable 
and environmental conditions must be considered.  
1.1 Robeson County, North Carolina 
Robeson County is located in the southeastern coastal plain of NC and has a population of 
130,000 (United States Department of Commerce, 2019). Racial minorities make up majority of 
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residents of this county with “white alone” representing 30.6% of the population compared to 
70.6% in NC. Robeson County is home to the Lumbee Tribe and American Indians make up 42.3% 
of the county’s population, compared to 1.6% in the larger state (Robeson County Health 
Department, n.d.; United States Department of Commerce, 2019). The county is ranked last for 
health outcomes in the state (100th out of 100 counties), with higher rates of obesity, diabetes, and 
heart disease than the NC or national average (Robeson County Health Department, n.d.). Robeson 
County also has higher rates of premature death, lower quality of life indicators, lower educational 
attainment, higher unemployment and income inequality, and a higher percent of the population 
uninsured compared to NC (University of Wisconsin Population Health Institute, n.d.).  
 The 2017 Census of Agriculture reports that Robeson County is home to 722 farms which 
make up 3% of NC’s agriculture sales (United States Department of Agriculture National 
Agriculture Statistics Service). There are 263,740 acres of farmland, representing over a third of 
the counties land area (United States Department of Agriculture National Agricultural Statistics 
Service, 2017; United States Department of Commerce, 2019). Robeson County ranks 8th in the 
state for sales of poultry and egg products and 9th for swine (United States Department of 
Agriculture National Agricultural Statistics Service, 2017). The county is home to 6,953,832 
chickens and 330,146 pigs. Since 2012, the number of farms has decreased 23% while the 
average size of farm operations is up by 29%, suggesting a concentration of farming practices. 
The distribution of value of sales is bimodal with peaks at less than $2,500 (231 farms) and 
greater than $100,000 annually (194 farms). While “white alone” only makes up 30.6% of the 
population, they make up 55.8% of agricultural producers in Robeson County (United States 
Department of Agriculture National Agricultural Statistics Service, 2017; United States 
Department of Commerce, 2019).  
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 Robeson County is located above and draws its water predominately from the Black 
Creek Aquifer (United States Geological Survey, 2003). This aquifer is on average 160 feet thick 
and 172 feet below sea-level with very fine to fine “salt and pepper” sands (micaceous sand and 
black clay) (Aucott, 1996; North Carolina Deparment of Natural and Environmental Resources 
Division of Water Resources, 2010). NC coastal plain aquifers are traditionally eastward 
thickening with the water confined above and below by clay-rich materials (North Carolina 
Deparment of Natural and Environmental Resources Division of Water Resources, 2010). Black 
Creek is a principal aquifer in NC and one of a few regional aquifers, meaning that its thin, sand 
layers are so well connected that water can be drawn across large distances. Hydraulic 
conductivity of the aquifer increases as it thickens towards the coast and the clay content 
decreases (Aucott, 1996). Carbon-14 dating of water drawn from the Black Creek Aquifer found 
a range of ages from 400 to 26,000 years, suggesting that water travels from its westward 
recharge point through the aquifer for thousands of years (North Carolina Deparment of Natural 
and Environmental Resources Division of Water Resources, 2010).  
1.2 North Carolina: Private wells and septic systems 
Following 2008 legislation, all drinking water wells constructed in NC after 2008 must be 
tested for bacterial and chemical contamination within 30 days of completion (“Well Water and 
Health: Facts & Figures,” 2019). However, further testing is then at the discretion of the 
homeowner and there remains a poorly quantified number of wells in operation around the state 
that were built before 2008 whose testing status and even geospatial distribution is unknown. 
While permitting of new wells has been required since 1967, these records are kept at the county 
level and often are on paper, making it hard to identify and target private well owners (Gibson & 
Pieper, 2017). A recent study in a predominantly black, extraterritorial jurisdiction of Wake 
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County, NC found that out of 57 household wells surveyed the mean age was 32 years and only 
one well had been built since the 2008 legislation (Stillo & MacDonald Gibson, 2017). For all 
private wells in NC, annual testing is recommended for total and fecal coliforms, regardless of 
age (Division of Public Health, 2019). Evidence suggests that this testing may not be occurring 
as recommended due to a variety of barriers including perception of quality, lack of information, 
and the cost of testing (Fizer, 2016; Gibson & Pieper, 2017). Fizer found in a survey of 18 
households owning private wells in Wake County, that only one followed the recommended 
annual testing schedule and 72% of households tested less than every 5-years or never at all 
(2016).  
Research in NC has found that private well ownership significantly correlates with race 
and income, representing sensitive populations who in some counties are also more likely to find 
concentrated animal feeding operations (CAFOs) and landfills located nearby (Leker & 
MacDonald Gibson, 2018; Norton et al., 2007; Wing, Cole, & Grant, 2000). In peri-urban areas 
that are beside, but not served by municipalities, Leker and MacDonald Gibson found that water, 
but not sewer, was differentially made available to lower-income black populations and higher-
income non-black populations (2018). The correlation of race, income, and well water 
dependence had not previously been systematically quantified in NC and remains unknown for 
rural areas where the prohibitive cost of extensions create additional barriers for communities 
and residents (Gibson & Pieper, 2017; Leker & MacDonald Gibson, 2018; VanDerslice, 2011). 
A study by Norton et al. using census data and permit information from the NC Department of 
Environmental Quality found that hog CAFOs were disproportionately located in areas with 
higher poverty, higher proportions of the population which were nonwhite, and areas with higher 
dependence on well water even when population density was controlled for (2007). Similarly, a 
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study by Wing, Cole and Grant in 2000 found that NC census blocks with greater than 50% 
persons of color and home values less than $60,000 were at increased odds of living near a 
permitted solid waste facility even when adjusted for population density and other predictors, 
such as proximity to major roads.  
Use of an on-site waste disposal system is relatively common in NC with an estimated 
50% of the population using septic systems at their private residence (Hoover, Konsler, & 
Godfrey, 2016). These septic systems are regulated by the local health departments who inspect 
prospective sites, designate the types of systems allowed, issue operation permits, and regulate 
changes. The ability of a septic system to remove contaminants, including harmful microbes, 
from wastewater and prevent environmental degradation depends on the design of the system, 
the type of soil, and the maintenance activities undertaken (Fizer, 2016; Hoover et al., 2016). 
Soils which are best-suited for on-site septic systems have a deeper water table, no rocks close to 
the surface and soil with a good mixture of sand and clay so that water can flow down- and out-
ward, but not so quickly that there isn’t time for treatment in the drain field (Hoover et al., 2016). 
Maintenance should include taking preventative actions to reduce strain on the system (reducing 
garbage disposal use, only flushing toilet paper, etc.), regularly servicing the system by having 
someone clean the effluent filter and pump the tank, and inspecting the drain field, which should 
only be covered by vegetation, not standing water, heavy machinery or buildings (Fizer, 2016; 
Hoover et al., 2016). A study of private well-owners in Wake County, NC, found that 17 out of 
18 participants were also septic system owners and that only 11 reported following the 
recommend 3-5 year or 1/3-full pumping schedule (Fizer, 2016). Fizer suggests, “...homeowners 
are generally unaware of how to ensure septic system functionality (2016).” Septic systems 
which are not properly maintained may lead to backing up of sewage into the home, on to the 
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lawn, or into groundwater as the drain field becomes clogged (Fizer, 2016; Hoover et al., 2016). 
This is a threat to public health and wellbeing, especially in communities which depend on 
private wells as their primary drinking water source. 
1.3 Indicator bacteria and coliphages 
 Detection and quantification of pathogenic viruses and bacteria which may occur and 
cause illness at low levels is often costly, time-, and labor- intensive. Therefore, use of indicators 
for fecal contamination has evolved and remains the primary way microbial water quality is 
monitored (“National Primary Drinking Water Regulations,” 2020; Savichtcheva & Okabe, 
2006). Total coliforms and Escherichia coli (E. coli) are conventional bacterial indicators who 
meet indicator criteria of being present in the feces of warm-blooded animals, non-pathogenic, 
and easily, rapidly, and inexpensively testable (Napier, 2015; Savichtcheva & Okabe, 2006). The 
presence of indicators is taken to imply fecal contamination and therefore the possible presence 
of pathogenic organisms (Savichtcheva & Okabe, 2006). Both total coliforms and E. coli 
however suffer from a lack of specificity as to the fecal or environmental source without further 
testing, may not persist in the environment, or may grow outside of the host. Total coliforms are 
not individually well correlated with enteric pathogens, but the probability of detection of 
pathogens increases with the number of present indicators (Savichtcheva & Okabe, 2006). The 
limitations of culture-based, traditional bacterial indicators which may be more or less correlated 
with specific pathogens has led to exploration of alternative fecal indicators, such as 
bacteriophages and chemical compounds, molecular methods of identification, and use of 
multiple indicators to assess water quality.  
Coliphages may be particularly well suited as indicators of well water quality because 
fate and transport characteristics of viruses make them more likely to cause groundwater 
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contamination. Traditional bacterial indicators of water contamination are not well correlated 
with pathogenic viruses such as human enteroviruses, rotaviruses, Hepatitis E, or noroviruses. 
Identification and enumeration of individual pathogenic viruses is similarly as expensive and 
time-consuming as for pathogenic bacteria (Cole, Long, & Sobsey, 2003; Napier, 2015). 
Coliphages, bacteriophages which infect coliform bacteria, have therefore been explored by the 
EPA for use as indicators of fecal contamination and standardized enumeration methods have 
been published. Coliphages are broken into two types, male-specific (F+) and somatic, which 
differentially infect bacteria via receptors on the pilus appendage or outer membrane, 
respectively (Napier, 2015). Both types of coliphages closely model human enteric viruses’ 
movement and persistence, have limited capability to replicate outside of a host, originate almost 
exclusively in the feces of humans and other warm-blooded animals, and may be 
morphologically similar to pathogenic viruses. F-specific coliphages are divided into groups (ds 
or ss RNA or DNA) which have been found to correlate with fecal sources and to vary 
seasonally (Cole et al., 2003; Napier, 2015). Coliphages are further ideal indicators as they are 
nonpathogenic, are present in large numbers in raw and treated sewage, and can be easily and 
rapidly detected.  
 Research into the correlation of traditional and alternative indicators of water quality with 
pathogens has revealed variable results depending on the amount of pollution in the water 
analyzed (Payment & Locas, 2011). The probability of a pathogen being found in feces will vary 
through time based on a variety of factors such as the number of people infected, the pathogen 
load, and how much they are shedding. Where the fecal pollution of water and contributing 
population is greater, such as in the sewage of large cities, the probability of pathogen 
occurrence at any point is more predictable and correlates more closely with indicators. On the 
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other hand, ground and drinking water samples are less frequently positive for pathogens due to 
dilution, persistence, and probability (Payment & Locas, 2011; Wu, Long, Das, & Dorner, 2011). 
This led Wu et al. in a 2011 review of correlation studies to exclude those which looked at well 
water. Their finding, that coliphages, F-specific coliphages, Clostridium perfringens, fecal 
streptococci and total coliforms are more likely to correlate with pathogens than other indicators, 
is therefore not generalizable at low fecal pollutant levels. This is consistent with their other 
finding that correlation controversies may be the result of insufficient positive pathogen data. It 
remains true for well water that where there is no indication of fecal contamination, there is little 
probability of pathogen occurrence (Payment & Locas, 2011). However, if there is any indication 
of fecal contamination of the well, the probability of pathogen detection increases significantly.  
1.4 Hollow-fiber ultrafiltration 
 Ultrafiltration (UF) has evolved since the 1980s as a way of concentrating indicator and 
pathogenic bacteria and viruses which may be below the detection threshold of culture-based and 
molecular methods in source waters while still representing a threat to human health (Hill et al., 
2005; Knappett et al., 2011). Methods have been developed for concentration of bacteria using 
glass wool and for viruses using charged filters, but have in recent years focused on hollow-fiber 
ultrafiltration (HFUF) which has the capacity to concentrate large volumes of water by 
tangential-flow for use with diverse microorganisms. Volumes upwards of 2 L have been used to 
concentrate recreational waters, surface waters, wastewater, well water and tap water for various 
types of further analysis (Hernandez-Morga, Leon-Felix, Peraza-Garay, Gil-Salas, & Chaidez, 
2009; Hill et al., 2005; Knappett et al., 2011; Leskinen et al., 2012; Oshiro & Walker, 2018). 
EPA Method 1642 released in 2018 was specifically developed for a ten-times concentration 
from 2 L to 200 mL so that single agar layer (SAL) testing of male-specific and somatic 
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coliphages can take place in recreational or wastewaters at a higher volume (Oshiro & Walker, 
2018). Other methods, such as those developed by Vincent Hill and colleagues at the United 
States Centers for Disease Control and Prevention (CDC), are more general and allow for a 
variety of applications (Hill, 2014).  
UF recovery varies between 50 and 100% depending on the organism investigated, the 
method used, and sometimes even the properties of the water (Hill et al., 2005, 2007). In a 2007 
study of water from 8 systems in different states, Hill et al. found that out of spiked phiX-174, 
MS2, Enterococcus faecalis, Clostridium perfringens spores, and Cryptosporidium 
parvum oocysts, only E. faecalis was significantly sensitive to water parameters of conductivity, 
alkalinity, total organic carbon, and log10-adjusted heterotrophic plate counts during UF. None of 
the tested organisms’ recoveries were significantly correlated with pH, specific conductance, or 
ultraviolet absorbance at 254 nanometers (nm) (Hill et al., 2007). Hill et al. (2005) pioneered the 
use of sodium polyphosphate as an additive to samples for blocking adhesion of microbes to 
hollow-fiber filters through surface charge repulsion, where calf-serum had previously been used 
for this purpose. This study also revealed the promise of back-flushing with Tween 80 for 
increased recovery through minimized hydrophobic reactions with the filter, which has since 
become the norm (Hill et al., 2005).  
1.5 Well water contamination 
 Indicators of fecal well water contamination have been found to be associated with a 
variety of predictors including well age, use of an on-site waste disposal systems, 
hydrogeological factors, and proximity to CAFOs and landfills (Habteselassie et al., 2011; 
Heaney et al., 2013; Sapkota, Curriero, Gibson, & Schwab, 2007; Stillo & MacDonald Gibson, 
2017; Wallender, Ailes, Yoder, Roberts, & Brunkard, 2014). In a study of private-wells in Wake 
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County, NC, well age was significantly associated with the concentration of total coliforms 
(P=0.02), but only marginally associated with the other indicators measured, E. coli and 
Enterococcus (Stillo & MacDonald Gibson, 2017). Of disease outbreaks, involving acute illness 
due to pathogens or chemicals affecting more than two people, linked to drinking untreated 
groundwater reported to the CDC between 1971 and 2008, 67.4% of cases were facilitated by 
improper operation of the water source or a nearby waste water disposal system (Wallender, 
Ailes, Yoder, Roberts, & Brunkard, 2014). While some outbreaks resulted from failure to 
maintain the proper distance between on-site water and sewage systems, 25% of reports 
reviewed by Wallender et al. mentioned the potential contribution of vulnerable hydrogeologic 
pathways. A study of properly functioning versus failing on-site water treatment systems in 
eastern NC found that concentrations of E. coli and enterococci were significantly higher in 
ground and surface waters near failing septic systems (Habteselassie et al., 2011). Concentrations 
of fecal coliforms, enterococci, and E. coli, as well as antibiotic resistant organisms, have been 
found to be increased in down-gradient surface and groundwaters from swine CAFOs (Sapkota, 
Curriero, Gibson, & Schwab, 2007). Additionally, coliphages have been detected in the majority 
of surface water samples taken from locations proximal to CAFO spray fields (Gentry-Shields, 
Myers, Pisanic, Heaney, & Stewart, 2015). Interestingly, in a study of Maryland well water 
quality the presence of cattle, dairy, broiler, turkey or aquaculture operations was not 
significantly associated with fecal indicator bacteria at the zip code level (Murray et al., 2018). 
This difference could be due to a variety of factors including the distribution of operations 
relative to wells, the size of the operations, and the hydrogeological characteristics of the area. 
Of the 172 disease outbreaks reported to the CDC that were previously mentioned, 10.5% were 
attributed to groundwater under the direct influence of surface water (Wallender, Ailes, Yoder, 
 11 
Roberts, & Brunkard, 2014). Surface water quality may be impacted by land use, including 
CAFOs and landfills (Gentry-Shields, Myers, Pisanic, Heaney, & Stewart, 2015; Heaney et al., 
2013, 2015). A 2013 study by Heaney et al. found that each 100-meter decrease in distance to a 
local landfill was associated with a 600 most probable number per 100 mL increase in average 
Enterococci concentrations in surface water for a minority community dependent on on-site 
water and sewer services due to historical underbounding. Additional research is needed to 
understand how proximity to hazards can affect ground water quality and risks to human health.   
1.6 Study objectives 
 The primary objective of this study was to assess the indicators of fecal microbe 
contamination in private-wells which serve as the primary drinking-water source for a sample of 
households in Robeson County, North Carolina. This study additionally sought to compare the 
ability of HFUF to detect and quantify contamination by somatic and male-specific coliphages in 





2. MATERIALS AND METHODS 
Well water samples were collected from well heads in Robeson County, North Carolina 
(NC) between October 14, 2019 and January 28, 2020. The wells belonged to households 
enrolled in a larger epidemiological study supervised by Dr. Lawrence Engel of the 
Epidemiology Department of the Gillings School of Global Public Health at the University of 
North Carolina at Chapel Hill (UNC). Thirty-six households were enrolled in the study and 
allowed for the collection of well water samples. The larger study included surveying well 
owners and collecting biological specimens, work conducted with the approval of the UNC 
institutional review board (IRB). This subproject did not involve human subjects, and was 
therefore exempt from IRB.  
2.1 Sample collection and storage 
 Prior to collection, 4 liters (L) Nalgene sample bottles were triple-washed, rinsed with de-
ionized water (DI), autoclaved with indicator tape (15-minute gravity cycle), and allowed to cool 
completely before being sealed. At the collection point, the well was flushed for 1 minute and the 
contact point was wiped with a 70% ethanol mixture. Samples (8 L from each household well) 
were stored over ice while in the field, anywhere from 3- to 8-hours depending on the number of 
households visited during the sampling trip. In the lab, they were stored in a refrigerator at 4ºC 
until processing, which mainly occurred between 0- and 72-hours, except for a few outliers. All 




2.2 Quantification of total coliforms and E. coli by IDEXX 
 Fecal indicator bacteria were quantified using the standard IDEXX Most Probable 
Number (MPN) Colilert test which has been approved by the United States Environmental 
Protection Agency (EPA) for testing of water and wastewater (U.S. Environmental Protection 
Agency, 2003). IDEXX Colilert uses a proprietary substrate technology dependent on coliforms’ 
and E. coli’s nutrient metabolism of ß-galactosidase and ß-glucuronidase respectively. Each 
IDEXX run was started within 24-hours of sample collection and included a negative control of 
sterile DI water that had been autoclaved on a l5-minute liquid cycle with indicator tape, allowed 
to cool, sealed, and kept refrigerated a 4º C. Results were transformed into an MPN estimate of 
coliform bacteria and E. coli using the IDEXX Quanti-Tray/2000 MPN Table. 
100 milliliters (mL) of sample was poured into a sterile, disposable vessel containing 
sodium thiosulfate, that had been purchased from the supplier. Due to a shortage of disposable 
containers, for some households 100 mL of sample was measured in a sterile graduated cylinder 
and poured into a sterile 250 mL Nalgene bottle (as previously described). The absence of 
sodium thiosulfate in the non-disposable containers is not considered of concern as the well-
water samples were not chlorinated. To the sample, the unit-dosed Colilert media packet by 
IDEXX was added, swirled until completely dissolved, and allowed time (less than 5 minutes) 
for any foam to dissipate. The sample with media was poured and sealed into a Quanti-
Tray/2000 by IDEXX using a Quanti-Tray Sealer (also by IDEXX). Labeled trays were 
incubated at 37º C for 24-hours and then read. Wells were marked then counted based on their 
color and florescence under a long-wavelength ultraviolet (UV) light. Where the color was not 
clearly at the threshold, they were incubated for additional time (up to 4-hours) or compared to 
the comparator offered by IDEXX.  
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2.3 Quantification of fecal indicator bacteria by membrane filtration 
All samples were tested for coliform bacteria using standard membrane filtration 
techniques as outlined in EPA Method 1603 and 1604 for E. coli and total coliforms using 
modified mTec and MI agar, respectively. MacConkey agar with and without cefotaxime was 
additionally used in testing for the percent resistance to third generation cephalosporins 
(Caltagirone et al., 2017). Table 2.3a describes the filtration work flow including the type of 
media that was used, the volume of sample that was filtered, the incubation conditions, and the 
measured characteristic of the sample based on what presentation. For membrane filtration on to 
MI, a volume of 1 L was chosen to ensure comparable methods to other well water research 
studies being undertaken at the time.  
 
Table 2.3a. Membrane filtration details including type, volume, and incubation time, ordered 
based on how they were filtered, from small to large volume. “*” denotes tweezer switch. 
 
Type Volume Incubation Tests For, By 
Modified mTec 
Agar 
100 mL 2 hours at 37ºC,  
22 hours at 44ºC 




100 mL 24, 48, 72 hours  
at 37ºC 





100 mL 24, 48, 72 hours  
at 37ºC 
Gram-negative enteric bacteria and 
resistance to 3GCs by growth.  
Modified mTec 
Agar 
500 mL 2 hours at 37ºC,  
22 hours at 44ºC 
E. coli by purple/pink color 
MI Agar (w/ 
cefsulodin) 
1 L 24, 48, 72 hours  
at 37ºC 
Total coliforms by fluorescence under 
long wavelength UV and E. coli by blue 
color and fluorescence 
 
Filtration occurred within 24- to 48-hours of sample collection in the order noted in Table 
2.3a across a custom-built filter platform which allowed multiple filter cones to be connected to 
the same vacuum-pressurized container (Appendix A). The filtering apparatus was washed after 
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each processing event using soap and water, then rinsed with DI. The filter cups on which the 
filters sat and through which the sample passed were triple-washed and triple-rinsed with DI, 
allowed to completely dry, then wrapped in paper with indicator tape and autoclaved for 15-
minutes on a vacuum cycle. Sterile tweezers were used to place and lift the filters into the cups, 
they were autoclaved for 15-minutes in a gravity cycle between each sampling event and flame 
sterilized with ethanol between and within each sample filtration. The filters (0.45 micrometer 
pore size Millipore Filters HAWG047S6) came sterilized from the manufacturer. Care was taken 
to avoid accidental contamination of filters and cones using extensive labeling procedures, 
moving from low to high volumes (Table 2.3a), and not touching the inside of the cone. Filter 
cones were replaced with a new, sterile unit if there was any breach of protocol.  
 All media was prepared to the manufacturers guidelines with any adaptions specified by 
the methods. Glass bottles, stir bars, and lids were triple-rinsed with DI and the necessary 
volume of water was measured out in a graduated cylinder, also triple-rinsed with DI. Media was 
weighed in a clean weigh boat and transferred to the bottle, which was already stirring and 
heating on a plate, using a sterile spatula (Autoclaved for 15-minutes on a gravity cycle). The 
mixture was carefully watched until just boiling, unless specified otherwise by the manufacturer, 
then autoclaved with indicator tape on a 15-minute liquid cycle. The media was cooled to where 
it could be safely touched, then plated using a glass pipette (both sterile from the manufacturer) 
if agar and/or allowed to cool and dry (again for agar) completely before being kept in a 
refrigerator at 4ºC. Media was used within a couple weeks of being made. Where media required 
the addition of an antibiotic, the stock antibiotic was made separately to the manufacturer’s or 
method’s guidelines, filter sterilized, and frozen at -20ºC, then added to the media using a sterile 
pipette (Autoclaved on a 15-minute gravity cycle or as packaged by the manufacturer) after it 
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had been autoclaved and had cooled significantly, but had not begun to solidify in the case of 
agar. In all membrane filtration runs, a negative media control was included. One plate of each 
media type was incubated with the samples to test for possible contamination.  
Samples were shaken and then the approximate volume desired was poured using the 
markings on the side of the filter cups. Filters were dampened with phosphate buffered saline 
(PBS, prepared sterile as previously described) before and after pouring the sample to prepare 
the filter and rinse the cup respectively. Filters were carefully placed onto small plates of each 
type of media included in testing (prepared sterile as described previously), bubbles were pushed 
out to the sides, and plates were inverted and incubated as described in Table 2.3a. In all 
membrane filtration runs, a negative process control was included whereby 100 mL of sterile DI 
(Autoclaved on l5-minute liquid cycle with indicator tape, allowed to cool then sealed, and kept 
refrigerated a 4ºC) was filtered, plated on to each type of media, and incubated with the samples. 
For each sample, a large volume (1 L) was filtered through the standard membrane 
(HAWG047S6) and a PC membrane (0.4 micrometer pore size Isopore hydrophilic 
polycarbonate membranes) separately, then placed in a labeled cryogenic tube (all sterile from 
the manufacturer) and frozen at -80ºC for future genomic analysis.  
Filtration results were read at the 24-hour incubation mark. MI and MacConkey plates 
were additionally read at 48- and 72-hours in support of an on-going research project. However, 
in the case of future analysis, only the results at the 24-hour mark will be included, as is 
standard. Data from additional timepoints can be found in Appendix B. Specific morphologies 
seen after incubation were not well characterized enough from MI agar to determine species, 
they therefore only provide information on total coliforms.  
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 Following membrane filtration and incubation, all colonies which grew on modified 
mTec and were a pink/purple color, indicating that they were possibly E. coli, were further 
isolated and tested to confirm. Colonies were streaked to isolation on modified mTec agar 
(prepared sterile as previously described) using a flame sterilized loop and incubated at 44ºC for 
24-hours. This step was repeated where they failed to isolate before being streaked, again to 
isolation, onto Tryptic Soy Agar (TSA, prepared sterile as previously described) and incubated at 
44ºC for 24-hours. From TSA, isolates were both saved for the future and confirmed by Kovac’s 
Reagent. Isolates were transferred by a flame sterilized loop into cryogenic tubes containing 1 
mL of 15% by-volume glycerol in Tryptic Soy Broth (TSB, prepared sterile as previously 
described) and frozen at -80ºC. In order to confirm the isolates as E. coli, glass vials containing 5 
mL of Tryptone Water (prepared sterile as previously described, then pipetted into loosely 
covered tubes with indicator tape and autoclaved for 15-minutes on a liquid cycle, cooled, closed 
and refrigerated at 4º C) were inoculated using a flame sterilized loop and incubated for 12- to 
24-hours at 37ºC. To this growth, 0.5 mL of Kovac’s Reagent was pipetted (sterile as previously 
described) and a color change was recorded as confirmation. At each step, a negative media 
control was included in incubation to control for contamination.  
2.4 Quantification of coliphages by single agar layer 
 Samples were tested for the presence of male-specific and somatic coliphages using a 
modified version of the single agar layer (SAL) method described in EPA Method 1602. SAL 
was performed within 24- to 72-hours of sample collection. All assays included analysis of a 
positive and negative control. The negative control consisted of 100 mL of sterile DI (as 
previously described) and the positive of sterile DI inoculated with 0.5 mL of raw sewage 
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(previously filtered and quantified, stored at 4ºC, and added using a sterile pipette) collected in 
the past 6 months.  
 The evening before running SAL, a fresh, overnight culture of E. coli CN-13 (ATTC 
#700609) and Famp (ATCC #700891) were prepared by inoculating 25 mL of Tryptic Soy Broth 
(TSB) containing 0.25 mL of nalidixic acid or streptomycin and ampicillin respectively with 
frozen stock cultures. TSB was prepared sterile as previously described and pipetted (sterile from 
manufacturer) into a sterile shaker flask (autoclaved for 15-minutes on a gravity cycle with 
indicator tape and allowed to cool completely before being closed). To the shaker flask, the stock 
antibiotics were pipetted (sterile addition and preparation as previously described) then swirled. 
Using a flame sterilized loop, frozen stock cultures of CN-13 and Famp were added to the labeled 
flasks with the corresponding antibiotic. The overnight culture was incubated at 36ºC for 16- to 
18-hours in a shaker set to 100-150 rotations per minute (rpm). Sample was shaken and 100 mL 
was measured off using a sterile graduated cylinder which was poured into a sterile 250 mL glass 
bottle (autoclaved loosely covered with indicator tape on a 15-minute gravity cycle then cooled 
before sealing), this was repeated twice with bottles labeled for either Famp (male-specific E. coli 
host) or CN-13 (somatic E. coli host) testing. Aliquoted, 100 mL samples marked for Famp and 
CN-13 assays, including positive, negative, and a temperature controls, were placed together in a 
4ºC refrigerator to ensure the same starting conditions.  
 The day of SAL, bacterial hosts E. coli CN-13 and Famp were grown to log-phase then 
stored over ice to arrest growth. To do so, overnight growths of the hosts were removed from the 
incubator and used to inoculate (1 mL by sterile pipette) a new shaker flask. TSB with antibiotic 
(1% by volume) was prepared sterile as previously described to the volume necessary so that 
each sample tested would have 10 mL of log-phase host. The volume was divided amongst 
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multiple sterile shaker flasks (as previously described) to ensure growth and redundancy in 
availability, this was modified though from the extent mentioned in EPA Method 1602 (30 mL 
maximum per a shaker flask). To grow to log-phase, the cultures were incubated for 2- to 4-
hours at 36ºC in a shaker set to 100-150 rpm. Log-phase growth was determined by visible 
turbidity or optical density at a 520-nanometer wavelength for an absorbance of 0.1 to 0.5 where 
growth was unclear. Prior to beginning SAL, log-phase hosts were taken off ice and allowed 
time to come to room temperature.  
 Media was prepared sterile as previously described with twice the manufacturer’s 
guidelines for TSB per a unit volume and 18 grams of agar per 1 L. After being autoclaved and 
cooled to the point that it could be easily touched, but was not yet solidifying, 20 mL of nalidixic 
acid or streptomycin and ampicillin were separately added per each 1 L of media and allowed to 
mix thoroughly. The media was kept molten in a water bath at 45ºC until needed in the SAL 
assay. This deviated from the EPA Method 1602 guidelines which called for the media to be 
separated into 100 mL aliquots in sterile 250 mL bottles, one per each sample. Care was taken 
when distributing the from the larger volume to ensure sterility and this assisted in preventing 
agar solidification before pouring which is detrimental to the assay.   
 To begin SAL, bottles containing the 100 mL samples were removed from the 
refrigerator and 0.5 mL of stock Magnesium Chloride (prepared sterile as previously described) 
was pipetted into the sample. They were then placed in a 36ºC water bath for 5 minutes, where a 
thermometer was inserted into the temperature control. Samples were then removed from the 
water bath and 10 mL of log-phase host was pipetted into each, as well as 10 mL of room 
temperature water to the temperature blank. Samples were then placed in a second water bath set 
to 45ºC and warmed until the temperature blank confirmed that they had reach 43ºC ± 1ºC. They 
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were then combined with approximately 100 mL of media (visually assessed using markers on 
the side of the bottles) with the appropriate antibiotic for the host being assayed, twirled, and left 
sitting for 3 minutes. The waiting period before being poured into 5x 150 millimeter plates 
(sterile from manufacturer), occurred at either room temperature or in the 45ºC water bath, if 
there was evidence that the media was beginning to solidify. Plates were allowed time to 
completely cool and dry before being covered, inverted, and incubated at 36ºC for 24-hours. This 
process was repeated twice for each household, with one identifying somatic coliphages based on 
the host CN-13 and the antibiotic nalidixic acid and the other identifying male-specific 
coliphages from the host Famp with antibiotics streptomycin and ampicillin. 
 At the 24-hour mark the plates were removed from the incubator and the number of 
circular clearings on each plate were counted. There was some variety in morphology of plaques 
seen. Possible plaques with indicators of surface contamination, such as the imprint of a dust 
molecule, were disregarded. Ultimately, the sheen of the plaque on the otherwise confluent lawn 
was taken as the primary indicator of a true plaque. The sum of the counts for each sample and 
type (somatic verses male-specific) represent the number of plaque forming units (PFU) present 
in 100 mL of sample. Each PFU represents a single virus in the 100 mL sample. 
2.5 Concentration of coliphages by hollow-fiber ultrafiltration 
Hollow-fiber ultrafiltration (HFUF) was performed on samples to compare quantitative 
estimates of coliphages by SAL from smaller versus larger volumes. For the larger volume 
samples, up to 2 L of sample was concentrated by HFUF and used in SAL coliphage analysis. A 
hybrid version of EPA Method 1642 and “Standard Operating Procedure for Performing Dead-
end Ultrafiltration” developed by CDC Investigator Vincent Hill was utilized. Following HFUF, 
SAL was performed as previously described with the concentrated UF effluent serving as the 
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“sample” and being split between somatic and male-specific coliphage testing up to 100 mL 
each.  
 Prior to HFUF, an elution solution was prepared that was 0.01% Sodium Polyphosphate 
(NaPP), 0.001% Antifoam Y-30 Emulsion solution, and 0.5% Tween 80 (Hill, 2014). A 10% 
NaPP solution was prepared by adding 1 g NaPP to 10 mL of sterile DI (Autoclaved on l5-
minute liquid cycle with indicator tape, allowed to cool then sealed, and kept refrigerated a 4º C) 
in a plastic centrifuge tube (sterile from the manufacturer) and vortexing it. NaPP was measured 
on to a weigh boat using a sterile spatula. A 1% Antifoam Y-30 Emulsion solution was made by 
pipetting 0.1 mL of Antifoam Y-30 Emulsion solution to 9.9 mL of sterile DI (as previously 
described). These reagents were used up to three months after preparation and stored at room 
temperature (EPA Method 1642). To make the elution solution, 0.5 mL of 10% NaPP and 1% 
Antifoam Y-30 were each added to 496.5 mL of sterile DI (as previously described) containing 
2.5 mL of Tween 80. In order to dissolve the Tween 80, it was lightly heated while stirring on a 
plate (EPA Method 1642). It was cooled before the addition of the other reagents and stirred 
without heat. The elution solution was filter sterilized using a 0.22 micrometer filter (sterile from 
the manufacturer and placed with flame sterilized tweezers) on a filtering cone over an 
Erlenmeyer flask (both sterilized by autoclaving covered with indicator tape on a 15-min 
gravity/vacuum cycle) connected to a vacuum. The elution solution was stored for up to a week 
at room temperature in a sterile, glass bottle (as previously described) (EPA Method 1642).  
 HFUF occurred within 24- to 48-hours of sample collection. Approximately 4 L of 
sample was pumped through the filter and it was then back-flushed using a recirculation 
technique with 400 mL of elution solution, producing a 10x concentration (EPA Method 1642). 
The HFUF set-up can be seen in Appendix C. The REXEED-25S filter was chosen as specified 
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by Hill. It has an effective surface area of 2.5 square meters as opposed to the 15S recommended 
in EPA Method 1642 which is only 1.5 square meters, however it also requires approximately 
150% the priming volume (128 mL vs 82 mL). The sample and elution solution were moved 
through the filter using a peristaltic pump and a series of Nalgene and silicone tubes connected 
and clamped together. A new filter was used for each sample, but the tubing and connectors were 
sterilized and re-used (autoclaved in disposable pouches for a 15-minute vacuum cycle). At the 
time of HFUF, the tubing was aseptically removed from the pouch and one end was placed into 
the sample, through the peristaltic pump, and then connected to the top of the filter. Out of the 
side of the bottom of the filter, a tube was connected through which the filtered well-water could 
run to the lab sink (Appendix Ci). The flow rate of the sample through the pump was set so that 
it did not pulsate (EPA Method 1642). Once the sample had been filtered, the bottom, side port 
was closed and the last piece of tubing was retrieved from the sterile pouch. Both the tubing 
coming out of the bottom of the filter and feeding into the peristaltic pump and the top of the 
filter were placed in the container of elution solution (Appendix Cii). The elution solution was 
first circulated up through the bottom of the filter and out of the top for a minute, then reversed 
to pump from the top to the bottom of the filter for an additional minute. The tubes were then 
removed from the filter and the fluid contained in them was drained into the effluent bottle 
(formerly containing elution solution). The approximate end volume was recorded before SAL 
procedures began.  
 Precision recovery analysis was performed as described in EPA Method 1642. Triplicates 
of 2 L bottles of sterile PBS were spiked with laboratory prepared MS2 and phi-X174 to a 
volume at which approximately 100 PFU would be expected of somatic and male-specific 
coliphages. Appendix D describes the process used to prepare and enumerate the coliphages, as 
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well as the spiking calculations. Following spiking, HFUF was performed as previously outlined, 
from 2 L to 200 mL, with additional precautions taken to collect the spiked PBS after filtering in 
case any viruses remained. A negative HFUF control was included in addition to the negative 
SAL control. SAL was performed as previously outlined on the HFUF effluent as well as a 
control of 100 mL autoclaved DI (Autoclaved on l5-minute liquid cycle with indicator tape, 
allowed to cool then sealed, and kept refrigerated a 4º C) spiked with MS2 or phi-X174 to 
achieve approximately 100 PFU of somatic and male-specific coliphages. Results of precision 
recovery testing can be found in Appendix E. 
2.6 Sample processing schedule 
The schedule in Table 2.6a was generally adhered to as it allowed for maximization of 


























Table 2.6a. Sample processing schedule including all steps for IDEXX, membrane filtration 
and isolation, and coliphage with or without concentration, assuming previous preparation of 
media and supplies. Those which were dependent on previous results are indicated in italics. 
 
Day Morning Afternoon 
1 Samples Collected. Perform IDEXX. Measure out 
samples for coliphage and 
refrigerate.  
2 Membrane Filtration. Transfer 
mTec plates with filters from 37 
to 44 degrees Celsius incubator 
after 2 hours. 
Read IDEXX. Ultrafiltration. 
Start overnight culture for 
SAL. 
3 Read Membrane Filtration (24 
hr). Start log-phase culture for 
SAL. Isolate colonies from mTec 
membrane.  
SAL.  
4 Read Membrane Filtration (48 
hr). Transfer isolated colonies to 
TSA, repeat on mTec any that fail 
to isolate. 
Read SAL plates. 
5 Read Membrane Filtration (72 
hr). Transfer previously failed 
isolates to TSA. Save isolates on 
TSA and transfer to Tryptone 
Water. 
 
6 For any delayed isolates, save 
and transfer to Tryptone Water. 
Add Kovac’s Reagent to Tryptone 
Water growth, record color 
change. 
 
7 Add Kovac’s Reagent to delayed 
isolates now in Tryptone Water, 









Over the course of the study, 36 households participated in water quality analysis by 
allowing the one-time collection of 8 liters (L) of water from their onsite well (Figure 3.0a). Of 
the 36 private-wells sampled, all underwent testing for total coliform bacteria, Escherichia coli 
(E. coli), resistance of gram-negative enteric bacteria to cefotaxime, and somatic and male-
specific coliphages. Only 16 private-wells were evaluated for the detection of somatic and male-
specific coliphages at a larger volume concentrated by hollow-fiber ultrafiltration (HFUF). The 
results of these assays are as follows; for a complete listing, see Appendix F.  
 
Figure 3.0a. Map of households who participated in the study, allowing collection of a water 





3.1 Total coliforms and E. coli from IDEXX 
 Seven out of the 36 (19%) private-wells tested positive for total coliforms using the 
IDEXX Colilert test (Figure 3.1a). None were positive for E. coli. Of the 7 samples that were 
positive for total coliforms, the median log10 transformed concentration was 0.30 most probable 
number/100 milliliters (the maximum was 1.87 MPN/100 mL and the minimum was 0 MPN/100 
mL) (Figure 3.1b). This corresponds to 2.0, 73.3, and 1.0 MPN total coliforms per 100 mL 
respectively. The mean MPN total coliforms was 17.5 per 100 mL for the positive samples and 
3.4 overall.  
 
Figure 3.1a. Number of household wells positive for total coliforms or E. coli based on the 








































I D E X X  R E S U L T S  F O R  T O T A L  C O L I F O R M S  A N D  E .  C O L I  
I N  1 0 0  M L  S A M P L E S
Positive Negative (MPN < 1)
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Figure 3.1b. Of samples positive for total coliforms (n = 7), distribution of log10 transformed 




3.2 Total coliforms, E. coli and resistance to third generation cephalosporins  
      from membrane filtration  
 
 Wells were additionally negative for E. coli when 100 mL and 500 mL samples were 
membrane filtered and plated on to modified mTec media (Table 3.2a). However, for two 
private-wells at 500 mL there was a single magenta colony which though isolated failed to test 
indole-positive with Kovac’s reagent and was therefore disregarded. 10 out of 36 wells (28%) 
tested positive for total coliforms when 1 L of sample was membrane filtered on to MI media 
(Table 3.2a). Of these 10 samples, the median log10 transformed colony forming units (CFU) per 
1 L was 0.59, corresponding to 5 CFU/1 L. The maximum is graphed at 3.00 log10 transformed, 
or 1000 CFU per 1 L, however, this represents the upper limit of detection and corresponds to a 
result of too numerous to count (TNTC). The mean CFU total coliforms per 1 L was 10 and the 
mean for all wells was 2 CFU total coliforms per 1 L when excluding plates on which colonies 
were TNTC.  
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Table 3.2a. Number of household wells positive for total coliforms or E. coli based on the results 
of membrane filtration of 100, 500, and 1,000 mL samples on to modified mTec and MI 
respectively. 
 
WELL SAMPLES POSITIVE FOR TOTAL COLIFORMS AND  
E. COLI FROM MEMBRANE FILTRATION 
E. coli (100 mL) E. coli (500 mL) Total Coliforms (1 L) 
0 0 10 
 
 
Figure 3.2a. Of samples positive for total coliforms by membrane filtration on to MI (n = 10), 




Private-well water samples were tested for resistance to cefotaxime, a third-generation 
cephalosporin. Percent resistance was evaluated based on the ratio of CFU/100 mL on 
MacConkey agar with antibiotic to MacConkey agar without antibiotic at 24-hours of incubation. 
Out of the 36 wells sampled, 7 (19%) showed growth of gram-negative enteric bacteria on 
MacConkey agar without cefotaxime (Figure 3.2b). Of samples which were positive for gram-
negative enteric bacteria the mean was 9 CFU/100 mL and the overall mean for all samples was 
2 CFU/100 mL. Of the 7 samples positive for gram-negative enteric bacteria, only 2 samples 
additionally showed growth on plates which included cefotaxime, indicating resistance (Figure 
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3.2c). For the two samples which were positive cefotaxime resistant gram-negative bacteria, the 
percent resistance was high at 19% and 100%.  
 
Figure 3.2b. Number of household wells positive for gram-negative enteric bacteria based on the 
results of membrane filtration of 100 mL water samples on to MacConkey agar with and without 




Figure 3.2c. Of samples positive for gram-negative enteric bacteria (n = 7), distribution of 
percent resistance based on colony forming units per 100 mL of water samples membrane 
































M E M BR A N E  F I L T R A T I O N  O N  M A C C O N K E Y  A GA R  W I T H  
A ND  W I T H O U T  C E F O T A X I M E  I N  1 0 0  M L  S A M P L E S
Positive for Gram-negative Enteric Bacteria Negative (CFU < 1)
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3.3 Coliphages from single agar layer 
Private-wells were more likely to be contaminated by male-specific than somatic 
coliphages with 26 out of 36 wells (72%) testing positive for male-specific coliphages versus 
only 11 (31%) testing positive for somatic coliphages (Figure 3.3a). However, the mean and 
median number found in positive wells was not substantially different between the two types of 
coliphages. Of 100 mL samples positive for somatic coliphages, the median number was 2 
plaque forming units (PFU) with the maximum at 22 PFU and a mean of 6 PFU/100 mL (Figure 
3.3b). Of positive male-specific samples, the median number of coliphages was 3 PFU with a 
maximum at 37 PFU/100 mL. Of 100 mL samples positive for male-specific coliphages, the 
mean was 6 PFU. The mean for all 36 samples was 2 PFU/100 mL somatic coliphages and 4 
PFU/100 mL male-specific coliphages.  
 
Figure 3.3a. Number of household wells positive for somatic or male-specific coliphages based 



































S I NGL E  A GA R  L A Y E R  R E S U L T S  F O R  S O M A T I C  A ND  
M A L E - S P E C I F I C  C O L I P H A GE S  I N  1 0 0  M L  S A M P L E S
Positive Negative (PFU < 1)
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Figure 3.3b. Of samples positive for somatic coliphages by single agar layer (n = 11), 




Figure 3.3c. Of samples positive for male-specific coliphages by single agar layer (n = 26), 







3.4 Coliphages from hollow-fiber ultrafiltration versus standard single agar layer 
HFUF resulted in the detection of somatic coliphages in 5 additional well samples (of 16) 
which had previously tested negative using the traditional single agar layer (SAL) method, a 
350% increase (Figure 3.4a). However, male-specific coliphages were positive in fewer samples 
which underwent HFUF versus traditional SAL, 3 versus 10 positive results. This is consistent 
with the findings of the precision recovery testing of the HFUF set-up (Appendix E) which found 
that recovery was not ideal for male-specific coliphages, but that performance was better on 
somatic coliphages. Of private-wells which were positive for somatic coliphages following 
HFUF, the median number of PFU was 10 with a maximum of 13 and mean of 8 (Figure 3.4b). 
Of private-wells positive for male-specific coliphages following HFUF, the median was 4 PFU, 
with a maximum of 12 PFU and a mean of 7 PFU (Figure 3.4c).  
 
Figure 3.4a. Number of household wells, out of those that were ultrafiltered (n = 16), that were 
positive for somatic or male-specific coliphages with or without concentration by hollow-fiber 






























S I N GL E  A GA R  L A Y E R  R E S U L T S  F O R  S O M A T I C  A N D  M A L E - S P E C I F I C  
C O L I P H A GE S  W I T H  A N D  W I T H O U T  H O L L O W - F I BE R  U L T R A F I L T R A T IO N
Positive Negative (PFU < 1)
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Figure 3.4b. Of samples that underwent hollow-fiber ultrafiltration and were positive for somatic 




Figure 3.4c. Of samples that underwent hollow-fiber ultrafiltration and were positive for male-




Compared to the same samples which underwent traditional SAL without HFUF, the 
mean PFU were about the same despite the larger volume concentrated by HFUF. This is also 
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consistent with the results precision recovery testing of HFUF (Appendix E) which showed large 
variations in recoveries of both somatic and male-specific coliphages. Table 3.4a shows the 
percent recoveries of HFUF versus traditional SAL where positive results enabled an estimation 
of PFU expected at a 10x concentration. The percent recoveries are far from 100%, but given the 
small sample size and variation seen in previous precision recovery testing it is not easily 
attributable. 
 
Table 3.4a. Distribution of percent recoveries of somatic and male-specific coliphages from 
single agar layer following hollow-fiber ultrafiltration. Calculation was only possible for samples 
which were also positive for coliphages by traditional single agar layer methods at 100 mL, 2 
and 10 for somatic and male-specific coliphages respectively.  
 
Distribution of Percent Recoveries of Hollow-Fiber Ultrafiltration Coliphages 
 Somatic (n = 2) Male-Specific (n = 10) 
Mean 18% 3% 
Median 18% 0% 
Maximum 35% 13% 
Minimum 1% 0% 
 
 
3.5 Comparison of indicator organisms across all assays 
 All samples underwent nine possible assays for the quantification of total coliforms, E. 
coli, third-generation cephalosporin resistant gram-negative enteric bacteria, and somatic and 
male-specific coliphages. No samples were positive for E. coli by either IDEXX with 100 mL of 
sample volume analyzed, or membrane filtration on modified mTec media with 100 mL and 500 
mL of sample volumes analyzed. Therefore, the maximum number of assays that were ever 
positive was six and that was only seen in 3% of samples (Table 3.5a). The majority of well 
samples were negative for all assays or positive for coliphages only, most commonly male-
specific coliphages (Section 3.3). Of the 16 private-wells that were additionally underwent 
HFUF and were therefore tested by 11 assays, none were positive for all 8 assays other than E. 
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coli. The distribution of number of samples positive for the number of assays is substantially 
different when the results of HFUF are included (Table 3.5a). However, the ability of the table to 
accurately reflect the increased number of wells found positive for somatic coliphages (Section 
3.4) is somewhat mitigated by decreased detection of male-specific coliphages and distorted by 
the fact that 86% of samples positive for gram-negative enteric bacteria were included in the 
proportion ultrafiltered.  
 
Table 3.5a. Out of the possible number of assays samples could be positive for, how many 
samples were positive for what number of assays including those which underwent hollow-fiber 
ultrafiltration and were therefore tested for 11 possibly positive measurements (n = 16).  
 
Number of Samples Positive for Assays Out of the 9 Possible (n = 36) 
0 Assays 1 Assay 2 Assays 3 Assays 4 Assays 5 Assays 6 Assays or More 
8 11 8 3 4 1 1 
22% 31% 22% 8% 11% 3% 3% 
Number of Samples Positive for Assays Out of the 11 Possible [Out of 9 Possible] (n = 16) 
0 Assays 1 Assay 2 Assays 3 Assays 4 Assays 5 Assays 6 Assays or More 
5  2 [3] 2 [1] 1 [1] 1 [3] 3 [1] 2 [1] 








 Many samples showed evidence of possible fecal contamination by the presence of 
indicator organisms which when found increase the chance of finding more pathogenic microbes. 
Hollow-fiber ultrafiltration (HFUF) increased the detection rate of somatic coliphages in the 
private-well samples. Though limited by its small sample size and cross-sectional nature, these 
results offer data in an area with historically low-levels of well testing in a state which has a 
history of systemically excluding minority populations from municipal services (Gibson & 
Pieper, 2017). The cost of diarrheal disease to North Carolinians who depend on well-water as 
their primary-drinking water source is believed to be substantial (Stillo & MacDonald Gibson, 
2017).  
4.1 Comparison of results to other published work 
Among the private wells tested in this study, 80% sampled positive for at least one 
indicator of fecal contamination, a value which is much higher than the 40-58% reported by 
various state-level studies for the exceedance of at least one Safe-Drinking Water Act health-
based standard (Gibson & Pieper, 2017). Bacterial contamination was noted as the most common 
whereas in this study male-specific coliphages were the most common with 72% of private-wells 
sampled testing positive (Section 3.3, 31% for somatic coliphages). These percentages are in 
stark comparison to 12% (46 of 396 wells positive for male-specific coliphages) and 8% (37 out 
of 463 well positive) reported in a review of groundwater studies by the EPA (2012). In 
comparison to other state-level studies, there is no mention of whether coliphages or other 
enteric viruses were included. Additionally, the volume sampled in the occurrence studies 
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presented by the EPA are unknown. While it appears that viral contamination of wells was 
relatively common even if at low concentrations, the comparative data are limited.  
Many more studies have looked at the presence of total coliforms and Escherichia coli 
(E. coli) in private-wells. In a study by the United States Geological Survey of 2,100 private-
wells, 34% tested positive for total coliforms and 8% for E. coli (Leker & MacDonald Gibson, 
2018). At 100 milliliters (mL) sample volumes, 19% of samples in this study tested positive for 
total coliforms compared to 28% using 1 liter (L) sample volumes (Sections 3.1 and 3.2). Studies 
of private-wells in Wake County, North Carolina and Maryland found that 29.2% and 25.4% of 
100 mL samples were positive for total coliforms (Stillo & MacDonald Gibson, 2017, Murray et 
al., 2018). These studies additionally found higher percentages of samples positive for E. coli, 
6.43% and 3.4% in North Carolina and Maryland respectively, than this study which identified 
no positive samples at either 100 mL or 500 mL through IDEXX or membrane filtration. These 
studies included sampling of a larger number of wells, 171 and 118 respectively, which likely 
affected the likelihood of finding a sample positive for E. coli.  
The work of Caltagirone et al. which was utilized in the development of methods for 
testing percent resistance to third generation cephalosporins reported an average resistance of 
10.3% of the 11 wells tested to cefotaxime (2017). Average percent resistance to cefotaxime of 
private-wells positive for gram-negative enteric bacteria (n = 7) in this study was 17% (Section 
3.2), slightly higher than the earlier study. 
HFUF was not effective at concentrating male-specific coliphages and produced small 
percent recoveries. The results are quite different from the work of Hill et al. which found 70-
100% recovery of MS2 and phiX-174 seeded into tap-water and formed the basis for the 
methods of the Centers for Disease Control and Prevention (CDC) and the United States 
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Environmental Protection Agency (EPA) that were followed (2005, 2007). However, a study of 
bacteria and viruses in groundwater from Bangladesh also found that concentration factors varied 
substantially from the expected (concentration factor means varied between 52 and 1018 
compared to 400) with adenovirus more likely to be lower (Knappett et al., 2011). Though 
concentration factors did not significantly vary with colloidal iron in the Knappett et al. study, 
groundwater may still have other unique properties which make HFUF less effective for the 
recovery of coliphages. Additionally, the previous work described by Hill et al. which showed no 
significant change in coliphages correlated with water properties was based on spiking of tap-
water from United States’ municipalities (2007). 
4.2 Male-specific coliphages 
  In the 36 private-wells sampled, the most commonly found indicator of fecal 
contamination were male-specific coliphages (72%). At a volume of 100 mL, single agar layer 
for the detection of male-specific coliphages led to a 270% increase in samples positive for fecal 
indicator organisms over total coliforms by IDEXX’s Colilert. This suggests that male-specific 
coliphages may be more suitable as indicators of well water quality than traditional fecal 
indicator bacteria. Their small size may contribute to greater environmental distribution and cool, 
seasonal temperatures in this study may have limited bacterial persistence. All samples which 
were positive for total coliforms by IDEXX (n = 7, MPN/100 mL) and membrane filtration on to 
MI (n = 10, CFU/100 mL) were also positive for male-specific coliphages.  
4.3 Limitations of the study 
 The results of this study are limited by the number of wells sampled and the cross-
sectional design. Household’s private-wells were only sampled at a single timepoint and it is 
therefore difficult to assess how contamination may vary over time and there is the potential for 
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over or underestimation of risk. Additionally, sampling occurred over a wide timeframe based on 
participant enrollment and convenience, these results may therefore be subject to differences in 
environmental conditions at the time of sampling. In Habteselassi et al.’s study of onsite-
wastewater treatment systems, rain events substantially increased the number to total coliforms 
and E. coli found in nearby wells (2011). It is beyond the scope of this research to assess the 
confounding potential of this variable though it is worth further study. As mentioned in Section 
1.3, the indicator organisms used are not well correlated with the presence of pathogenic 
organisms in well water, but do correspond to an increased chance of detection. As culture-based 
methods, there is the potential that organisms were lost to die-off between collection and testing, 
though care was taken to quickly process the samples (within 72-hours). In the case of 
coliphages, which were the most often found form of contamination in this study, the similarity 
of persistence to pathogenic viruses is of note as they would be expected to die-off at a similar 
rate. Use of culture-based methods has the added benefit that by only testing for viable 
organisms, the threat they pose is better understood.  
  As previously mentioned, precision recovery testing of spiked coliphages to evaluate the 
HFUF experimental method showed less than ideal recovery of male-specific coliphages and 
wide variability across both types of viruses. It is not clear whether the low concentration of 
viruses found despite ultrafiltration is a result of the HFUF method utilized, a characteristic of 
ground water, or their absence, especially without the analysis of a matrix spike, which was 
recommended in EPA Method 1642. One possible explanation for the poor performance of 
HFUF is the utilization of the large, REXEED-25S filter which was recommended in the 
protocol developed by Vincent Hill at the CDC for a larger volume versus the 15S utilized in 
EPA Method 1642 which was largely followed and specific to concentrating 2 L to 200 mL for 
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SAL. Another is the age of the reagents used in the elution solution which were from the general 
laboratory supply. However, even under ideal performance of HFUF, the implications of the 
results would still be limited by the small number of samples processed and their lack of random 
selection from the wider sample.  
4.4 Importance 
Since 2009, the North Carolina (NC) State Lab of Public Health reports only 261 private-
well samples have been microbiologically analyzed from Robeson County, an average of 22 per 
a year and most likely representing wells recently built and legally required to be tested. This 
study and the testing of 36 private-wells represents a 164% increase in annual-testing and 
provides important information regarding the presence of indicator viruses in addition to the 
presence and absence of total coliforms and E. coli. Robeson County is home to the Lumbee 
Tribe and the majority of the population are racial minorities. American Indians in the United 
States have historically been underserved and research in NC has explored the impact of 
historical underbounding on access to municipal services (Clonch, 2019; Gibson & Pieper, 2017; 
Leker & MacDonald Gibson, 2018; VanDerslice, 2011). Concentrated animal feeding operations 
and solid-waste disposal facilities are more likely to be situated near minority communities 
(Gentry-Shields et al., 2015; Heaney et al., 2013, 2015; Norton et al., 2007; Wing et al., 2000). 
Robeson County is additionally sensitive to the impact of poor well-water quality as the worst-
ranked county for health measures in NC and the growing site of large farm operations (Robeson 
County Health Department, n.d.; United States Department of Agriculture National Agricultural 
Statistics Service, 2017).  
Better understanding well water contamination is important as it is associated with high 
costs, both those directly linked to short-term water quality, such as increased emergency 
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department (ED) visits, and others of growing global health importance, for example the 
distribution of antibiotic resistance genes in the environment. Studies at the state and local level 
in NC have recently sought to quantify the costs associated with acute gastrointestinal illness 
(AGI) which could be avoided through the expansion of municipal services. In NC, an estimated 
29,400 ED visits occur each year due to AGI associated with microbially contaminated drinking 
water, 99% of which are due to well-water, costing $39.9 million (DeFelice et al., 2016). A study 
of historically underbounded communities in Wake County found that 25 ED visits each year 
could be avoided amongst the population of 3,799 if municipal water service were extended 
(Stillo & MacDonald Gibson, 2017). Antibiotic resistance to third generation cephalosporins is 
of importance as they are common antibiotic used in the treatment of human and livestock 
infections (Caltagirone et al., 2017; Kochek, 2019). Better understanding the distribution of 
resistance among environmental bacteria will improve our understanding of the ecology of 
antibiotic resistance, provide a baseline for future studies, and inform responses to increasing 










5. NEXT STEPS AND CONCLUSION 
This study found that private-wells in Robeson County were contaminated with total 
coliforms, third-generation cephalosporin resistant and non-resistant gram-negative enteric 
bacteria, and somatic and male-specific coliphages. The most common form of contamination 
found, occurring in 72% of the 36 wells sampled, was male-specific coliphages. Male-specific 
coliphages, and all of the indicator organisms found, provide evidence of fecal contamination 
which may include more pathogenic organisms that were excluded from testing in this study due 
to the cost and time associated with their assays, the lack of comparable data, and the limits of 
detection in volumes which could be easily collected and brought back from the field. Male-
specific coliphages are indicators of particular note as they thought to model the persistence and 
spatial-distribution of human enteric viruses, occur almost exclusively in the feces of humans 
and other warm-blooded mammals, and can be used to assess the source of fecal pollution (Cole 
et al., 2003; Napier, 2015). The high prevelance of male-specific coliphages, even at low-
concentrations, in well water should be further investigated to ensure replicability seasonally and 
temporally as well as to further identify the potential sources of contamination, whether human 
or animal. 
 Hollow-fiber ultrafiltration (HFUF) aims to decrease the barrier of detection thresholds 
by improving the ability to analyze large volume samples. By concentrating microbes in the 
field, experiments will be less limited by ease of collection and current assays will still be able to 
be used on a larger volume now concentrated. In this study, 16 private-wells were tested using a 
relatively small volume concentration (2 liters to 200 milliliters) and the results of single agar 
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layer were compared against those of the unconcentrated sample. This study found that HFUF 
was effective at increasing the number of samples positive for somatic coliphages, but that the 
recovery efficiencies for both somatic and male-specific coliphages were much lower than 
expected based on positive unconcentrated samples. Improving the ability to use HFUF on 
private-wells and understanding of the contribution of different groundwater parameters to 
recovery would increase our ability to detect pathogenic organisms in well-water and understand 
the correlation between them and indicator organisms in dilute samples, an area which remains 
unclear.  
 Robeson County has an unquantified number of residents relying on private-wells for 
their primary drinking water source. An important first step in all future work includes 
cultivating data sources regarding the spatial distribution and age of private-wells (Gibson & 
Pieper, 2017). Private-wells are widely under-regulated and under-tested for microbial 
contamination which could result in acute gastrointestinal illness, contributing to the already 
high burden of disease suffered by the residents of Robeson County. The results of this study 
indicate the need for further testing to understand the risks faced by private-well owners. 
Additionally, efforts should be undertaken to increase the community’s knowledge of common 




APPENDIX A: MEMBRANE FILTRATION SET-UP 
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APPENDIX B: MEMBRANE FILTRATION 48- AND 72-HOUR DATA 
 









W/O - 48 
MAC 
W/O - 72 
MAC 
W/ - 48 
MAC 
W/ - 72 
EHH101 2 2 <1 <1 - - - - 
EHH102 <1 <1 <1 <1 - - - - 
EHH103 - - - - - - - - 
EHH104 - - - - - - - - 
EHH105 - - - - - - - - 
EHH106 - - - - - - - - 
EHH107 30 - <1 - <1 - <1 - 
EHH108 1 - <1 - <1 - <1 - 
EHH109 TNTC - TNTC - 29 - <1 - 
EHH110 <1 - <1 - <1 - <1 - 
EHH111 87 - 8 - 39 - 5 - 
EHH113 <1 - <1 - <1 - <1 - 
EHH114 9 9 4 8 26 34 55 62 
EHH115 <1 <1 <1 <1 <1 <1 <1 1 
EHH116 15 15 14 15 1 2 8 8 
EHH117 4 4 4 4 12 17 <1 1 
EHH118 5 8 5 5 50 60 10 10 
EHH119 <1 <1 <1 <1 <1 <1 <1 2 
EHH120 <1 <1 <1 <1 <1 <1 <1 <1 
EHH121 <1 <1 <1 <1 <1 <1 <1 <1 
EHH122 <1 <1 <1 <1 <1 <1 <1 <1 
EHH123 <1 <1 <1 <1 <1 1 <1 <1 
EHH124 <1 <1 <1 <1 <1 <1 <1 <1 
EHH126 4 4 3 4 1 1 4 5 
EHH128 2 2 <1 <1 <1 1 <1 <1 
EHH129 2 2 2 2 <1 <1 <1 <1 
EHH131 <1 <1 <1 <1 <1 <1 <1 <1 
EHH133 1 1 1 1 <1 <1 <1 <1 
EHH134 <1 <1 <1 <1 <1 7 <1 4 
EHH135 <1 <1 <1 <1 <1 <1 <1 <1 
EHH136 3 3 1 1 <1 <1 <1 <1 
EHH137 <1 <1 <1 <1 <1 <1 <1 <1 
EHH138 <1 <1 <1 <1 <1 <1 <1 <1 
EHH139 1 1 1 1 <1 <1 <1 <1 
EHH140 3 3 <1 <1 <1 <1 <1 <1 
EHH141 2 2 2 2 <1 <1 <1 <1 
“-“ indicates the absence of a result. Recordings of additional timepoints was inconsistent and is 
not included in the analysis.  
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APPENDIX C: HOLLOW-FIBER ULTRAFILTRATION SET-UP 
 







Set-up continued on the next page. 
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APPENDIX C: CONTINUED 
 





APPENDIX D: MS2 AND PHI-X174 PREPARATION, ENUMERATION, 
AND SPIKE CALCULATION 
 
 MS2 (ATTC 15597-B1) and phi-X174 (ATCC 13706-B1) were prepared and enumerated 
according to the guidelines set-forth in EPA Method 1602 and 1642. An overnight then log-
phase culture of E. coli CN-13 (somatic host) and Famp (male-specific host) were prepared as 
described in Section 2.4, producing 30 mL of each host. Stock cultures of MS2 and phi-X174 
were defrosted from -80ºC storage and inoculated into the log-phase hosts, Famp and CN-13 
respectively, using a sterile, disposable loop (10 microliters). This mixture was incubated 
overnight (16-24 hours) at 36ºC with gentle shaking (100-150 rpm). Following overnight 
incubation for viral growth, suspensions were centrifuged at 3500 x g for 10 minutes and filtered 
through a 0.22 micrometer syringe filter into cryogenic tubes. The resulting phage stock was 
enumerated by double agar layer (DAL) and frozen with equal parts sterile glycerol (autoclaved 
for 15-minute liquid cycle and allowed to cool) at -80ºC for future spiking of precision recovery 
experiments.  
 DAL is similar to SAL, but involves the preparation of a solid bottom layer of agar with 
antibiotics on to which the molten sample containing phages, as well as the hosts and antibiotics, 
is poured. Additionally, due to the nature of enumeration, it works with much smaller volumes, 
requiring only one 100-millimeter plate for each phage and dilution level. The hard, bottom layer 
was made, plated, and stored as described in Section 2.4 with 15 g of agar and 10 mL of 
antibiotic (Nalidixic acid for CN-13 and somatic coliphage phi-X174, Streptomycin and 
Ampicillin for Famp and male-specific coliphage MS2) per each 1 L of TSB (made according to 
the manufacturer’s guidelines). The soft, top layer was made as described in Section 2.4 with 7 g 
of agar and 10 mL of appropriate antibiotic per each 1 L of TSB. 10 mL of the soft, top agar was 
put in labeled tubes with caps (sterilized by autoclaving for 15-min gravity cycle) and kept 
molten in a 45ºC water bath. The tubes containing 10 mL of soft, top agar were inoculated with 
500 microliters of log-phase CN-13 or Famp (Prepared as described in Section 2.4) depending on 
the antibiotic they contained, Nalidixic acid and Strep/Amp respectively, and then 100 
microliters of coliphage stock, phi-X174 and MS2 respectively, from each dilution point in 
replicate was added and they were poured over the labeled, bottom plates. The plates were 
allowed to completely cool and dry before being incubated inverted at 36ºC for 24-hours, 
including negative media and method controls. The results and dilutions are seen in the table 
below, where TNTC means too numerous to count. Dilutions were performed in glass tubes 
containing TSB (sterile as previously described) with 1 mL of stock coliphage transferred to each 
subsequent dilution and the solution mixed by pipette.  
 
 1 0.1 0.01 10x-3 10x-4 10x-5 10x-6 10x-7 10x-8 10x-9 
MS2a TNTC TNTC TNTC TNTC TNTC TNTC TNTC 213 24 5 
MS2b TNTC TNTC TNTC TNTC TNTC TNTC TNTC 153 19 1 
Phi-X174a TNTC TNTC TNTC TNTC TNTC 464 73 11 0 0 
Phi-X174b TNTC TNTC TNTC TNTC TNTC 442 89 10 1 NA 
 
Analysis continued on the next page.  
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APPENDIX D: CONTINUED 
 
Guidelines outlined in EPA Method 1602 and 1642 were followed to calculate the PFUs per a 
mL of each stock coliphage prepared. Only the values not in grey in the table above were used in 
this calculation, as plates containing more that 300 MS2 plaques or 100 phi-X174 plaques were 
considered outside of the range of detection. To calculate this, the number of colonies were 
divided by the volume in mL of stock spiked. In the table above, the first column corresponds to 
undiluted stock, however, 0.1 mL is what would be included in the calculation as that is how 
much was spiked. In the second column, the stock was diluted to one-tenth of the concentration 
and 0.1 mL was spiked, so the volume in the calculation would be 0.01 mL of the original stock. 
Calculations for MS2 and phi-X174 are shown below.  
 
MS2 =  
∑𝑃𝐹𝑈𝑀𝑆2𝑎+Σ𝑃𝐹𝑈𝑀𝑆2𝑏
Σ𝑚𝐿𝑀𝑆2𝑎+Σ𝑚𝐿𝑀𝑆2𝑏
 =  
(213 + 24 + 5) + (153 + 19 + 1)









=  18693693694 𝑃𝐹𝑈/𝑚𝐿 
 
 
Phi-X174 =  
∑𝑃𝐹𝑈𝑃ℎ𝑖−𝑋174𝑎+Σ𝑃𝐹𝑈𝑃ℎ𝑖−𝑋174𝑏
Σ𝑚𝐿𝑃ℎ𝑖−𝑋174𝑎+Σ𝑚𝐿𝑃ℎ𝑖−𝑋174𝑏
 =  
 
(73 + 11 + 0) + (89 + 10 + 1)









=  828828828.8 𝑃𝐹𝑈/𝑚𝐿 
 
 
The estimated concentration, in PFU per a mL, of the stock coliphage (divided by two as they 
were mixed with equal parts glycerol) were used to estimate the approximate spiking volume of 
MS2 and phi-X174 necessary to achieve 100 PFU in a control. 
 








Spike Volume (mL) MS2 = 
100
9346846847
 = 1.1 x10-8 mL (with 7x dilution 0.11 mL) 
 
Spike Volume (mL) Phi-X174 = 
100
414414414.4
 = 2.4 x10-7 mL (with 6x dilution 0.24 mL) 
 
To achieve these extremely small volumes, the stock was diluted in TSB (sterile as previously 
described) using a pipette and microcentrifuge tubes (sterilized by autoclave in a 15-min gravity 
cycle) as previously described.  
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APPENDIX E: RESULTS OF HOLLOW-FIBER ULTRAFILTRATION 
PRECISION RECOVERY TESTING 
 
“Control” denotes the 200 mL of sterile DI spiked with the same volume of MS2 and phi-X174 
(Appendix D) as each replicate of 2 L PBS that was then split into 100 mL aliquots for SAL. 
This was done for direct comparison to the HFUF 2 L spiked of PBS. Results were analyzed as 
described in EPA Method 1642 and compared against acceptance criteria. 
 
i. Male-specific coliphage MS2 (Famp E. coli Host) 
 Plate 1 Plate 2 Plate 3 Plate 4 Plate 5 Total % Recovery 
Control 91 114 112 104 88 509  
Replicate 1 95 94 111 91 91 482 94.7 
Replicate 2 66 74 64 69 72 345 67.8 
Replicate 3 189 197 184 178 184 932 183 
 
 Mean % Recovery Standard Deviation Relative Standard 
Deviation 
All Replicates 115 60.3 52.4 
Replicates within 1 Standard 
Deviation of the Mean 
Percent Recovery 
81.2  23.4 
 
Analysis of all MS2 spiked replicates revealed a mean percent recovery and relative standard 
deviation (RSD) greater than the acceptance criteria outlined in EPA Method 1642. This suggests 
that the UF performance on male-specific coliphages was not ideal and produced recovery 
results with large variation. When Replicate 3 was removed from the analysis, as it was more 
than one standard deviation away from the mean percent recovery, the new mean percent 











Analysis of spiked somatic coliphages continued on the next page.  
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APPENDIX E: CONTINUED 
 
ii. Somatic coliphage phi-X174 (CN-13 E. coli Host) 
 Plate 1 Plate 2 Plate 3 Plate 4 Plate 5 Total % Recovery 
Control 84 87 68 70 71 380  
Replicate 1 42 50 49 91 129 361 95.0 
Replicate 2 22 19 45 48 40 174 45.8 
Replicate 3 90 105 114 111 110 529 139 
 
 Mean % Recovery Standard Deviation Relative Standard 
Deviation 
All Replicates 93.3 46.7 50.1 
Replicates within 1 Standard 
Deviation of the Mean 
Percent Recovery 
117  26.7 
 
Analysis of all phi-X174 spiked replicates revealed an RSD greater than the acceptance criteria 
outlined in EPA Method 1642. This suggests that the UF performance on somatic coliphages 
produced recovery results with large variation. When Replicate 2 was removed from the 
analysis, as it was more than one standard deviation away from the mean percent recovery, the 
new RSD met acceptance criteria.  
 
Removing outliers from the spiked recoveries produced results which met the EPA guidelines for 
acceptability. While different replicates were removed in the analysis of male-specific and 
somatic coliphage performance with HFUF, both followed a similar trend of total coliphage 
where replicate 2 was much less than the control and replicate 3 was much more. This suggests 




Percent Recovery = 
𝑇𝑜𝑡𝑎𝑙 𝑅𝑒𝑝𝑙𝑖𝑐𝑎𝑡𝑒 #
𝑇𝑜𝑡𝑎𝑙 𝐶𝑜𝑛𝑡𝑟𝑜𝑙
 ×  100 




Standard Deviation = √
∑(𝑃𝑒𝑟𝑐𝑒𝑛𝑡 𝑅𝑒𝑐𝑜𝑣𝑒𝑟𝑦−𝑀𝑒𝑎𝑛 𝑃𝑒𝑟𝑐𝑒𝑛𝑡 𝑅𝑒𝑐𝑜𝑣𝑒𝑟𝑦)2
𝑁𝑢𝑚𝑏𝑒𝑟 𝑜𝑓 𝑅𝑒𝑝𝑙𝑖𝑐𝑎𝑡𝑒𝑠
 
Relative Standard Deviation = 
𝑆𝑡𝑎𝑛𝑑𝑎𝑟𝑑 𝐷𝑒𝑣𝑖𝑎𝑡𝑖𝑜𝑛
𝑀𝑒𝑎𝑛 𝑃𝑒𝑟𝑐𝑒𝑛𝑡 𝑅𝑒𝑐𝑜𝑣𝑒𝑟𝑦





APPENDIX F: RESULTS OF ALL MICROBIAL ANALYSIS ON  




























































































































































































EHH101 <1 <1 <1 <1 - <1 <1 - - 
EHH102 <1 <1 <1 1 0 <1 <1 - - 
EHH103 <1 <1 <1 <1 - <1 <1 <1 <1 
EHH104 <1 <1 <1 <1 - <1 <1 <1 <1 
EHH105 <1 <1 <1 <1 - <1 <1 <1 <1 
EHH106 <1 <1 <1 <1 - <1 <1 <1 <1 
EHH107 <1 <1 <1 <1 - <1 <1 2 <1 
EHH108 <1 <1 <1 <1 - <1 <1 <1 <1 
EHH109 73.3 <1 TNTC 17 0 <1 2 <1 <1 
EHH110 <1 <1 <1 <1 - <1 1 <1 <1 
EHH111 38.8 <1 52 21 19 <1 3 <1 <1 
EHH113 1.0 <1 <1 <1 - <1 5 <1 <1 
EHH114 2.0 <1 7 14 100 2 4 7 <1 
EHH115 <1 <1 <1 <1 - <1 37 12 <1 
EHH116 <1 <1 14 1 0 <1 6 12 4 
EHH117 <1 <1 3 3 0 16 3 2 <1 
EHH118 5.2 <1 5 5 0 <1 13 10 12 
EHH119 <1 <1 <1 <1 - <1 3 13 4 
EHH120 <1 <1 <1 <1 - <1 <1 - - 
EHH121 <1 <1 <1 <1 - 1 2 - - 
EHH122 <1 <1 <1 <1 - <1 4 - - 
EHH123 <1 <1 <1 <1 - 22 11 - - 
EHH124 <1 <1 <1 <1 - 1 2 - - 
EHH126 1.0 <1 2 <1 - <1 11 - - 
EHH128 <1 <1 <1 <1 - 3 14 - - 
EHH129 <1 <1 1 <1 - <1 3 - - 
EHH131 <1 <1 <1 <1 - <1 5 - - 
EHH133 <1 <1 <1 <1 - <1 3 - - 
EHH134 <1 <1 <1 <1 - <1 1 - - 
EHH135 <1 <1 <1 <1 - <1 2 - - 
EHH136 <1 <1 <1 <1 - 1 <1 - - 
EHH137 <1 <1 <1 <1 - 1 1 - - 
EHH138 <1 <1 <1 <1 - 7 2 - - 
EHH139 <1 <1 1 <1 - 1 2 - - 
EHH140 <1 <1 <1 <1 - <1 1 - - 
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